An algal photoenzyme converts fatty acids to hydrocarbons
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Abstract
Although many organisms capture or respond to sunlight, few enzymes are known to
be driven by light. Among these are DNA photolyases and the photosynthetic reaction
centers. Here, we show that the microalga Chlorella variabilis NC64A harbors a
photoenzyme that acts in lipid metabolism. This enzyme belongs to an algae-specific
clade of the glucose-methanol-choline oxidoreductase family and catalyzes the
decarboxylation of free fatty acids to n-alkanes or -alkenes in response to blue light.
Crystal structure of the protein reveals a fatty acid–binding site in a hydrophobic tunnel
leading to the light-capturing flavin adenine dinucleotide (FAD) cofactor. The
decarboxylation is initiated through electron abstraction from the fatty acid by the
photoexcited FAD with a quantum yield >80%. This photoenzyme, which we name fatty
acid photodecarboxylase, may be useful in light-driven, bio-based production of
hydrocarbons.
In both photosynthetic and nonphotosynthetic organisms, light is involved in biological
processes such as growth, development, metabolism, and circadian entrainment (1–
4). In most cases, the effects of light on cell physiology are mediated by photoactive
proteins, which include light-sensitive ion channels and pumps, photoreceptors,
photosynthetic antenna proteins, and light-dependent enzymes (5). Among the latter,
two different types can be distinguished. Light-activated enzymes require only a flash
of light to become active, whereas photoenzymes require a continuous flux of photons
to remain catalytically active—their activity is driven by light.
Photoenzymes are a rare type of catalyst. In nature, two families of proteins bearing a
light-driven activity are DNA photolyases, which are involved in repairing ultraviolet
(UV) damage in DNA in many organisms, from bacteria to plants and animals (6–8),
and light-dependent protochlorophyllide reductases, which catalyze chlorophyll
synthesis (9). Chlorophyll f synthase might be a third type of photoenzyme, but the

light-driven nature of the reaction has not been established (10). The multimeric
complexes that form the basis of oxygenic photosynthesis—plastocyanin:ferredoxin
oxidoreductase (often referred to as photosystem I) (11) and water:plastoquinone
oxidoreductase (photosytem II) (12), as well as related proteins in nonoxygenic
photosynthetic bacteria—may also be classified as photoenzymes (5).
Photoenzymes are useful tools for research and biotechnology. For example, lightcontrolled catalysis allows the study of rapid enzymatic processes in real time (13).
And, the use of a photoexcited cofactor to design an enzyme with a different catalytic
function (14, 15) as well as the development of optogenetics (16, 17) expands the
scope of possible applications of enzymes driven by light.
Some microalgae, including Chlorella variabilis NC64A and Chlamydomonas
reinhardtii 137C, have the capacity to convert long-chain fatty acids to alkanes or
alkenes in a process dependent on light (18). Because no homologs to known
hydrocarbon-forming enzymes have been found in the genomes of C. variabilis or C.
reinhardtii, we hypothesized that microalgae harbor a different type of alkane synthase.
Conversion of microalgal fatty acids to hydrocarbons has been mostly studied
in Botryococcus braunii (19). Here, we identify an alkane synthase in the green
microalgae C. variabilis and show that it is a photoenzyme belonging to an algaespecific subfamily of proteins that has been conserved throughout algal evolution.
Results
Identification of a microalgal alkane synthase
In order to identify the enzyme responsible for hydrocarbon synthesis in microalgae,
we undertook an approach of enzyme purification in C. variabilis. Following the
observation that C. variabilis cells can convert exogenous fatty acids into alkanes or
alkenes (18), an activity assay for a hydrocarbon-forming enzyme was set up (fig.
S1A). This discontinuous assay was sensitive enough to allow a partial purification of
the protein responsible for the alkane-forming activity (fig. S1B). Proteomic comparison
of three partially purified fractions resulted in a list of 10 common proteins, nine of
which were homologous to well-characterized proteins (Fig. 1A). The most represented
protein, and also the only one whose function was uncertain, was a member of the
glucose-methanol-choline (GMC) oxidoreductases, a family of flavoproteins
comprising a wide range of oxidases and dehydrogenases (20). A full-length cDNA
coding for the C. variabilis GMC oxidoreductase was cloned and found to encode a
polypeptide of 654 amino acids (~69 kDa) (Fig. 1B). Expression in Escherichia coli of
the corresponding codon-optimized synthetic gene (fig. S2) resulted in the production
of C13 to C17 alkanes or alkenes (Fig. 1C), which demonstrated that this protein was
indeed a hydrocarbon-forming enzyme.

Fig.1 Identification of an alkane synthase in C. variabilis.
(A) Number of proteins found after the final step in three independent purifications and
list of the 10 proteins in common found by means of proteomic analysis. Proteins are
ranked by decreasing spectral counts. (B) Predicted domains of the C. variabilis GMC
oxidoreductase. (C) Chromatogram of the hydrocarbons produced (left) and
immunoblot of the total proteins (right) in an E. coli strain expressing the C.
variabilis GMC oxidoreductase (alkane synthase).
Characterization of the fatty acid decarboxylase activity
To further characterize the activity of the C. variabilis GMC oxidoreductase, we
expressed the recombinant protein in E. coli and purified it. Mass spectrometry
analysis revealed the presence of a flavin adenine dinucleotide (FAD) cofactor (fig.
S3), as observed in other characterized GMC oxidoreductases (20). Characterization
of the hydrocarbon-forming activity of the recombinant protein showed that this activity
was optimum around pH 8.5 and decreased sharply when temperature rose above
35°C (fig. S3). No activity could be detected by using either a fatty acid methyl ester or
a fatty aldehyde as substrate. In order to determine whether the reaction catalyzed by
the alkane synthase was an actual decarboxylation of fatty acid, palmitic acid labeled
with 13C on the carboxylic group was used as substrate. Upon incubation of the
substrate with the C. variabilis alkane synthase, production of 13CO2 was detected at
more than 20 times its natural abundance (Fig. 2A), thus indicating that the enzyme
was a fatty acid decarboxylase.

Fig.2 Fatty acid decarboxylase activity of the C. variabilis alkane synthase.
(A) Relative quantification of 13CO2 released upon incubation of 1-13C-palmitate with the
purified recombinant enzyme. S, substrate; E, enzyme. (B) Relative activity of the purified
recombinant enzyme on various free fatty acid substrates. Mean ± SD (n = 3 repeats).

The purified enzyme was then tested on a wide range of free fatty acid substrates (C12
to C22) (Fig. 2B). All of them were converted into Cn-1 alkanes or alkenes, with a higher
efficiency for C16-C17 chains. Saturated fatty acids were converted to alkanes, not
alkenes, which showed that the C. variabilis fatty acid decarboxylase did not introduce
a terminal double bond in the carbon chain, unlike the two fatty acid decarboxylases
identified in bacteria (21, 22). We also identified a GMC oxidoreductase from C.
reinhardtii with features and substrate specificities similar to its C. variabilis homolog
(fig. S4).
Light-dependence of the C. variabilis alkane synthase
In algal cells, alkane formation requires light (18). The fact that the C. variabilis alkane
synthase contains a chromophore, together with the observation that the purified
enzyme does not require any additional cofactor to be active, prompted us to check
the light dependency of the enzyme activity. We first observed that when the E.
coli strain expressing the C. variabilis alkane synthase was cultivated under complete
dark and never exposed to light, no hydrocarbon was produced (fig. S3G).
Measurement of the activity of the purified C. variabilis enzyme at different
wavelengths of visible light showed further that the alkane synthase was active in the
presence of blue light (400 to 520 nm) (Fig. 3A). The action spectrum correlated with
FAD absorbance, thus suggesting that FAD is the light-capturing part of the protein.
However, these observations did not discriminate between a light-activated enzyme
and a photoenzyme. The activity of the purified enzyme on 1-13C–labeled palmitic acid
was thus measured under different light conditions by monitoring the release of 13CO2.
We observed that 13CO2 production started immediately upon illumination with blue
light and stopped immediately after a shift to dark or red light (Fig. 3B). This
demonstrated that the C. variabilis alkane synthase is a photoenzyme because it
requires a continuous flux of (blue) photons for its activity. The same feature was also
noted on the purified C. reinhardtii GMC oxidoreductase (fig. S4D). Alkane formation
increased with light intensity (Fig. 3C). Using palmitic acid as substrate, we estimated
the turnover number of the C. variabilis GMC oxidoreductase at 0.86 ± 0.13 s−1 under
a fluence rate of 2000 μmol photons m−2 s−1 white light. The photoexcitation rate
(supplementary materials, materials and methods) in this experiment was ~0.9 s −1,
indicating efficient photocatalysis (quantum yield >80%). On the basis of these results,
we propose the name fatty acid photodecarboxylase (FAP) for the C. variabilis GMC
oxidoreductase and its C. reinhardtiihomolog.

Fig.3 Light dependency of the C. variabilis alkane synthase.
(A) Absorption spectrum and action spectrum of the purified enzyme. Mean ± SD (n = 3
repeats). The position of the flavin absorption maximum in the enzyme (467 nm) deviates from
typical values (445 to 450 nm for most flavoproteins and free flavins). (B) Activity of the purified
enzyme under successive light conditions. Activity on 1-13C-palmitate was monitored via
release of 13CO2 by using membrane inlet mass spectrometry. (C) Dependence of the activity
of the purified enzyme on white light intensity. Mean ± SD (n = 3 repeats). (D) Variation of total
hydrocarbons in C. reinhardtii cells grown in a photobioreactor under blue and then red light.
Mean ± SD (n = 3 repeats). FAMEs, fatty acid methyl esters.

The blue light dependency of the FAP prompted us to investigate the effect of the
quality of light on the formation of hydrocarbons in algal cultures. When C.
reinhardtii cultures were grown in photobioreactors under successively blue (<500 nm)
and red (>600 nm) lights, alkane or alkene formation was correlated with the presence
of blue light (Fig. 3D). This experiment thus showed that the light dependency of the
FAP observed in vitro was relevant to living cells and likely to be related to its function
in the cell.
Three-dimensional structure of the FAP
In order to gain insights into the structural basis of the light-dependent fatty acid
decarboxylase activity of the C. variabilis FAP, we determined its three-dimensional
(3D) structure in complex with a palmitate substrate (table S1). A crystal form diffracting
to 3.15-Å resolution was obtained. Although the crystal was twinned, we were able to
solve its structure via molecular replacement by using domains from two proteins of
the GMC oxidoreductase family with known 3D structures (PDB codes 2JBV and
4YNT). The overall architecture of the FAP was similar to other GMC oxidoreductases,
with a typical two-domain fold (Fig. 4A). The first domain, mostly shaped by N-terminal
residues, stabilizes the FAD cofactor, whereas the second domain participates in
substrate/product trafficking, with loops from both domains shielding the active site
from the solvent and holding together both domains.

Fig.4 Structural features of the C. variabilis FAP.
(A) Overall architecture of the enzyme in complex with FAD and palmitate (PLM). The structure
is represented as an illustration colored from blue to red from the N to the C terminus, with the
FAD and palmitic acid represented in stick. The long N-terminal helix is projected toward a
noncrystallographic symmetry–related molecule that is not represented here for clarity. (B)

Slice through the surface representation of the fatty acid photodecarboxylase. For clarity, small
cavities in the interior of the enzyme are not shown. (C) Details of the palmitic acid–binding
site with the side chains of residues within 4 Å of the substrate shown in stick. The omit map
electron density associated to palmitic acid is also shown and contoured at 0.5σ (2Fo-Fc; blue)
and 2σ (Fo-Fc; green). Single-letter abbreviations for the amino acid residues are as follows:
A, Ala; C, Cys; D, Asp; E, Glu; F, Phe; G, Gly; H, His; I, Ile; K, Lys; L, Leu; M, Met; N, Asn; P,
Pro; Q, Gln; R, Arg; S, Ser; T, Thr; V, Val; W, Trp; and Y, Tyr. (D) Distances (angstroms)
between palmitic acid and FAD.

The 3D structure of the FAP revealed a narrow hydrophobic tunnel, open to the solvent
on one end and leading to the tricyclic ring of FAD on the other end (Fig. 4B). Electron
density in this tunnel indicates the stabilization of a palmitate substrate that wraps
around the side chain of Y466, with the carboxylate moiety interacting with the side
chains of residues R451, C432, and Q486 (Fig. 4C) and pointing toward the FAD
(shortest distance 3.7 Å) (Fig. 4D). The lower enzyme activity for medium-chain fatty
acids (Fig. 2B) may be caused by a less efficient stabilization of short hydrophobic
chains in the tunnel (especially around Y466). A multiple sequence alignment of GMC
oxidoreductases of the FAP subgroup showed that most of the amino acids of the
hydrophobic tunnel present in the vicinity of the FAD or lining the entry site of palmitate
(vestibule) were conserved (fig. S5).
Role of FAD in the FAP photocycle
To elucidate the role of the FAD cofactor in the decarboxylation of fatty acids by FAP,
we performed time-resolved optical spectroscopy measurements on the purified
recombinant enzyme. The fluorescence kinetics (Fig. 5A) show that the substrate
quenches the singlet excited state 1FAD*, shortening its lifetime from τ ~ 5 ns (typical
time constant for unquenched flavins (23) to τ ~ 300 ps. FAD-based reaction
intermediates and kinetics were resolved by means of transient absorption
spectroscopy on nanosecond to millisecond time scales. We presumed that the 300ps kinetics might reflect electron transfer (ET) from the substrate to 1FAD*. Indeed, at
376 nm (where FAD•−absorbs more strongly than FAD) (Fig. 5B) an instantaneous
(within the instrumental time resolution of 10 ns) absorbance increase was observed
(Fig. 5C, black trace), whereas at 488 nm (where FAD•− absorbs less than FAD) (Fig.
5B), an initial bleaching occurred (Fig. 5C, blue trace). Measurements at other
wavelengths confirmed the rapid formation of FAD•− (fig. S6, A and B). At most
wavelengths studied, the initial absorbance changes decayed with τ ~ 100 ns (Fig.
5C and fig. S6A), indicating reoxidation of FAD•− to FAD. At 515 nm, however, the
absorbance rose in ~100 ns (Fig. 5C, green trace) and decayed with τ ~ 4 ms (Fig. 5C,
inset). Because the slope of the FAD absorption spectrum in FAP is steep at 515 nm
(Fig. 5B), we considered the possibility that after reoxidation of FAD •−, the FAD
spectrum was red-shifted because of a change in its environment resulting from the
decarboxylation of the substrate. Spectral analysis of the 4-ms phase (fig. S6C)
confirmed such a red-shift.

Fig.5 Characterization of C. variabilis FAP by means of time-resolved spectroscopy.
(A) Time-resolved fluorescence of FAP in the presence or absence of palmitic acid. (B)
Absorption spectra of FAD•− [in glucose oxidase (31); red line] and oxidized FAD in FAP (solid
black line), scaled assuming a molar absorption coefficient of 11 300 M−1cm−1 for the maximum
of the absorption band in the blue (32). A red-shifted blue band of FAD in FAP (dotted black
line) is shown to demonstrate the effect on the absorption at 515 nm. (C) Examples of transient
absorption changes of FAP in the presence of excess substrate. Complementary data are
shown in fig. S6. (D) Suggested model of the FAP photocycle. Directly observed intermediates
and kinetics are shown in red.

In the absence of substrate, flash-induced absorbance changes show the formation of
the FAD triplet state 3FAD* (fig. S6, D and E), which is consistent with an intersystem
crossing yield in the order of 70% for unquenched singlet excited flavins (23) and decay
of 3FAD* to ground state FAD in ~80 μs. In the presence of substrate, formation
of 3FAD* should be largely outcompeted by ET from the substrate to 1FAD* in ~300 ps
(fig. S6F), which is consistent with a high quantum yield of photocatalysis.
FAP clade in phylogenetic tree of GMC oxidoreductases
All members of the GMC oxidoreductase family characterized so far are oxidases or
dehydrogenases (mostly acting on sugars), except some plant lyases that catalyze
breaking of a C–C bond (24) and the FAP, which is also a lyase. We analyzed the
phylogenetic relationships of 50 prokaryotic and eukaryotic members of the GMC
oxidoreductase family, including 20 proteins with demonstrated biochemical
activities. C. variabilis and C. reinhardtii FAP did not group with the plant clade but
instead belonged to a separate clade that contained only sequences from algae (Fig.
6, table S2, and fig. S7). This algal-specific clade included micro- and macroalgae and
algae of primary or secondary endosymbiotic origin. Among the 22 algal species with
sequenced genomes, 18 had a GMC oxidoreductase in the FAP clade. The four other
algae (Ostreococcus and Micromonas species, from the same basal Mamiellophyceae
class of green algae) lacked a predicted GMC oxidoreductase. Algal species with
several GMC oxidoreductases were all of secondary endosymbiotic origin (such
as Nannochloropsis, Phaeodactylum, or Emiliana). Thus, the algal clade of GMC
oxidoreductases is likely to be a group with a conserved FAP function.

Fig.6 Unrooted phylogenetic tree of the GMC oxidoreductase family.
The neighbor joining method was used. Species are abbreviated to three letters (one for the
genus and two for the species epithet) (table S2). Proteins with demonstrated biochemical
activity are indicated by three additional capital letters: AAO, aryl alcohol oxidase; AOX, alcohol
oxidase; FAP, fatty acid photodecarboxylase; CBQ, cellobiose dehydrogenase; CHD, choline
dehydrogenase; COX, cholesterol oxidase; CKO, compound K oxidase; FDH, fructose
dehydrogenase; FOX, fructose oxidase; GDH, glucose dehydrogenase; GOX, glucose
oxidase; HFO, hydroxy fatty acid oxidase (genetic evidence only); HNL, hydroxynitrile lyase;
and POX, pyranose oxidase.

Discussion
Here, we identified a microalgal alkane synthase as a member of the GMC
oxidoreductase family and a photoenzyme. Known enzymes with hydrocarbon-forming
activity include oxidoreductases and polyketide synthases in cyanobacteria (25, 26),
fatty acid desaturase-like proteins CER1 and CER3 in plants (27), cytochrome P450s
in the bacterium Jeotgalicoccus sp. ATTC8456 and in insects (21, 28), and nonheme
diiron oxidoreductases in the bacterium Pseudomonas aeruginosa(22). Algal GMC
oxidoreductases now join that group but have the added feature of being light-driven.
Photoenzymes are an ancestral type of enzyme and may be rare because evolutionary
selection has not favored light-driven catalysis (29). Given the diversity of proteins able
to perform synthesis of alkanes, light activation required by the chemistry seems
unlikely. We therefore speculate that the light-driven nature of the microalgal alkane
synthases is related to their function within the cell. The FAP function likely appeared
after primary endosymbiosis, was kept during secondary endosymbiosis, but was lost
in plants. Conservation of the FAP function in algae throughout evolution suggests a
biological function specific to this group of organisms.
Because C. reinhardtii and C. variabilis FAP are active on various fatty acids in vitro,
the formation in C. reinhardtii and C. variabilis cells of a predominant species of
hydrocarbon (7-heptadecene) (18) may be due to the channeling of the precursor (cisvaccenic acid) to the FAP. This result suggests that the C. reinhardtii and C.

variabilis alkane synthases interact with a yet-to-be-identified lipolytic enzyme that
releases cis-vaccenic acid from a lipid or cofactor.
We propose a model of the FAP photocycle (Fig. 5D) that combines observed FADbased intermediates and kinetics (in red) with inferred (not directly observed)
corresponding changes in the substrate. The FAD in FAP is first photoexcited (step 1).
The singlet excited state 1FAD* abstracts an electron from the fatty acid in ~300 ps
(step 2). The fatty acid radical decarboxylates yielding an alkyl radical [step 3; not
directly observed but analogous to the photo-Kolbe reaction (30)]. FAD•− transfers the
electron back to the resulting alkyl radical in ~100 ns (step 4). Because of the extremely
strong proton affinity of alkyl anions, we suppose that the ET is coupled to proton
transfer from a proton donor XH (one of the neighboring amino acid residues or a water
molecule). Alternatively, XH may transfer a hydrogen atom to the primary alkyl radical,
followed by ET from FAD•− to X• in ~100 ns. We speculate that the resulting negative
charge of X− may cause a red shift of the FAD absorption band in the visible. The FAD
band shifts back to the blue in ∼4 ms (step 5), possibly because of reprotonation of X−.
The alkane is released (step 6), and a new substrate is bound (step 7). Judging from
the crystal structure, we considered the best candidates for XH would be cysteine C432
and tyrosine Y466 (Fig. 4C). In order to test our hypotheses about the involvement of
a proton donor XH in the catalytic reaction, we have mutated these two residues to
alanine, which should not be able to function as a proton or hydrogen atom donor.
Although 50 to 60% of purified wild-type enzyme contained FAD, none of the mutant
proteins bound the FAD cofactor. Thus, the hypothesis could not be tested.
Our identification of a photoenzyme acting on lipids shows that light-driven catalysis is
not restricted to the processes of light capture and use or to the repair of UV damages
in DNA. This discovery should thus provide an incentive to reinvestigate the activity of
some enzymes involved in metabolic or signaling pathways regulated by light.
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